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L
ipids are able to self-assemble into a
variety of supramolecular structures
with well-defined shapes in

solutions.1,2 Spherical vesicles are the most

common self-assembled structure of lipids,

which have been extensively studied.3 Re-

cently, a number of synthetic lipids with

modified headgroups or acyl chains have

shown the ability to self-assemble into hol-

low cylindrical tubule structures with diam-

eters from 10 nm to 2.0 �m, depending on

the nature of lipids and the conditions un-

der which molecular self-assembly

occurs.4–6 For example, lipid tubules with a

characteristic diameter of �500 nm could

be formed in solutions by cooling the lipid

bilayers of 1,2-bis(tricosa-10,12-diynoyl)-sn-

glycero-3-phosphocholine (DC8,9PC) from

the disordered L� phase into an ordered L�=

gel phase.7 DC8,9PC tubules formed in etha-

nol/water solution typically have 10 bilayer

walls.8 Unlike spherical vesicles, cylindrical

tubules reflect the chiral nature of the

DC8,9PC.9 The well-ordered and crystalline

packing of the acyl chains in DC8,9PC tu-

bules has been well-characterized.10–13 The

lipid tubules with crystalline bilayer walls

and hydrophilic surfaces have shown prom-

ise as vehicles for the controlled release of

preloaded drugs14–16 and templates for the

synthesis of metallic and silica

cylinders,17–22 as well as provide confined

aqueous environments for the encapsula-

tion of functional molecules.23–26

The rigidity of self-assembled lipid tu-

bules is a key factor that has a strong im-

pact in their applications. For example, if

lipid tubules are to be used as controlled re-

lease vehicles for injection in blood vessels,

they must sustain the flow of blood circula-

tion. The instability of tubule vehicles under

the blood flow will affect the release rate

of preloaded drugs. For metallization appli-

cations, the rigidity of lipid tubules deter-

mines whether they can be used as a tem-

plate. If lipid tubules are too soft, then they

are too fragile to be coated in the metalliza-

tion. Furthermore, the elasticity of lipid bi-

layers also determines their shape and me-

chanical stability.27 In terms of molecular

structures, the acyl chains of lipids freeze in

a nearly all-trans configuration, and the

lipid molecules are arranged in a crystalline

lattice in the L�= gel phase of lipid tubules.

Conversely, in the fluidic L� phase of lipid

vesicles, the “melted” acyl chains are posi-

tional disorder in the bilayer walls. The

knowledge of mechanical behaviors of lipid

tubules can also help us to understand the

principle underlying the mechanical behav-

ior of cell membranes. Recently, the axial

stiffness of lipid tubules was studied with

optical tweezers28 and the interface tension

of moving liquid droplets.29,30 The axial

Young’s modulus of lipid tubules made of

cardanyl-�-D-glucopyranoside with a diam-

eter of �50 nm was found to be �720

MPa.28 While DC8,9PC lipid tubules with a

diameter of �500 nm showed an axial

Young’s modulus of �1.07 GPa.30
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ABSTRACT Self-assembled lipid tubules with crystalline bilayer walls represent useful supramolecular

architectures which hold promise as vehicles for the controlled release of preloaded drugs and templates for the

synthesis of one-dimensional inorganic materials. We study the local elasticity of lipid tubules of 1,2-bis(tricosa-

10,12-diynoyl)-sn-glycero-3-phosphocholine by radial atomic force microscope indentation, coupled with finite

element analysis. A reduced stiffness is found to extend a distance of �600 nm from the ends of lipid tubules.

The middle section of lipid tubules is homogeneous in terms of their radial elasticity with a Young’s modulus of

�703 MPa. The inhomogeneous radial elasticity likely arises from the variation of lipid packing density near the

tubule ends.

KEYWORDS: lipid tubules · atomic force microscopy · finite element analysis ·
nanomechanics
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Atomic force microscopy (AFM) has proved its value

as an indenter for studying the nanomechanics of lipid

vesicles,31–33 virus capsids,34–40 and protein

nanotubes41–48 by collecting force�distance curves

over a point on their surfaces. Through the analysis of

the force�distance curves with appropriate theoretical

models, quantitative information can be obtained re-

garding their elastic properties such as stiffness and

Young’s modulus. The advantage of AFM-based inden-

tation includes its high sensitivity in applying and mea-

suring forces, high precision in positioning a tip rela-

tive to the samples, and ability to operate in

physiological environments. In this paper, we study

the local elasticity of DC8,9PC tubules along the longitu-

dinal direction by radial AFM indentation operating in

contact mode in a liquid cell, coupled with finite ele-

ment analysis.

RESULTS AND DISCUSSION
Figure 1a is a transmission electron microscopy

(TEM) image of a DC8,9PC lipid tubule placed on a

carbon-coated grid. The lipid tubule shows a hollow

structure with a wall thickness of �65 nm, correspond-

ing to a 10 bilayer wall because the thickness of
single lipid bilayers in DC8,9PC tubule walls deter-
mined by X-ray diffraction is �6.6 nm.10 The ex-
ternal diameter of the tubules is �500 nm. Figure
1b shows an AFM image of a DC8,9PC lipid tu-
bule adsorbed on a glass substrate in a liquid cell.
The image was taken with a silicon nitride canti-
lever tip. The tubule shows a cylindrical shape,
suggesting that the tubule is not compressed at
the tip force employed for scanning and is
grossly distorted by the adsorption on the glass
substrate.

Before beginning the indentation experi-
ments, a colloidal AFM tip with a diameter of 600 nm
was placed at the top of the tubule under the guidance
of an optical microscope built in AFM. The advantage
of using the colloidal AFM tip as a force probe lies in its
well-defined size and geometry. To better position the
colloid AFM tip in the center region of the lipid tubule,
the long axial of the AFM cantilever was set to be paral-
lel to the long axis of the tubule (Figure 2). To prevent
the force probe from plowing the surface laterally dur-
ing indentation, and therefore to further prevent the
lateral friction force, the X Rotate parameter was set to
be 22°. For each indentation measurement, force�z pi-

Figure 1. (a) TEM image of a DC8,9PC lipid tubule dried on a
carbon-coated grid and (b) AFM image of a DC8,9PC lipid tubule ad-
sorbed on a glass substrate. The TEM image was taken at room tem-
perature. The AFM image was taken with the silicon nitride AFM
tip in a liquid cell at room temperature.

Figure 2. Indenting a lipid tubule adsorbed on a glass sub-
strate with a colloidal AFM tip. The long axial of the AFM can-
tilever was set to be parallel to the long axis of the tubule
to better position the colloid AFM tip in the center region of
the lipid tubule.

Figure 3. Typical force�z piezo distance (FZ) curves of a tu-
bule together with FZ curve on a glass substrate. These FZ
curves were performed under AFM contact mode in a liquid
cell. (b) Distribution of 100 individual measured point spring
constants from the tubule by the same colloid AFM tip. (c)
Histogram of measured point spring constants from 62 tu-
bules by three colloid AFM tips with Gaussian distribution.

A
RTIC

LE

www.acsnano.org VOL. 2 ▪ NO. 7 ▪ 1466–1472 ▪ 2008 1467



ezo distance (FZ) curves were performed under AFM
contact mode in a liquid cell. Figure 3a is a typical FZ
curve (red line) taken on the top of the tubule shown
in Figure 1b at a loading rate of 2.54 �m/s, together
with the FZ curve (dark line) on the glass substrate,
which can be considered as an infinitely stiff material
compared to the AFM cantilever. Both FZ curves were
obtained with the same cantilever tip. So the change in
the sensitivity of the photodiode and the positioning
of the laser on the cantilever can be ignored. The FZ
curve on the tubule shows no hysteresis when the col-
loidal AFM tip is retracted at the same speed (blue line),
suggesting that the tubule undergoes elastic deforma-

tion under the indentation measurement. The hori-
zontal distance (�Z) between the FZ curves for a
given loading force is the indentation depth of the
tubule by the colloidal AFM tip (see Figure 3a). To
ensure that the supporting glass substrate does not
contribute to the measured elastic properties of
lipid tubules, we kept the �Z smaller than 75 nm,
�15% of the original tubule diameter. The spring
constants (kmea) (stiffness) measured from the
slopes of 100 FZ curves on the same tubule with
the same cantilever tip show a small standard devia-
tion of 5.8% around the average Kmea of 0.0347
N/m. There is no change in the average Kmea ob-
served when the loading rate varies from 90 nm/s
to 2.54 �m/s. Furthermore, we collected the FZ
curves from the center region of 62 lipid tubules
with a diameter of 500 � 10 nm by performing one
indentation on each of them. Three colloid AFM
tips from the same manufacturer were used for
these indentations. The average spring constant
(kmea) was given by Gaussian curve fitting to be
0.0347 � 0.0017 N/m with a standard deviation of
�17% (Figure 3c). The relatively large standard de-
viation from multiple tubules is likely due to the

slight deviation of tubule diameters and cantilever
spring constants.

The measured point sprint constant (kmea) com-
prises the spring constants of both the tubules (Ktub)
and the cantilever (Kcan). The system can be modeled
as two springs arranged in a series. The point spring
constant (stiffness) of lipid tubules can be calculated ac-
cording to Hooke’s law: ktub � kcan 	 kmea/kcan�kmea.
Using the equation, we find that the point spring con-
stant of lipid tubules is 0.113 � 0.019 N/m.

To calculate the Young’s modulus of lipid tubules
from the spring constant, we simulated the contact be-
tween the colloidal AFM tip and the tubule by the finite-
element method with the commercially available pack-
age ABAQUS. The tubule was simulated as isotropic
cylindrical shells made from a homogeneous material
with an external diameter of 500 nm similar to the di-
ameter of the lipid tubules resting on a flat rigid surface
and loaded by a rigid indenter with a diameter of 600
nm similar to the diameter of the colloidal AFM tip. The
AFM tip�lipid tubule and the lipid tubule�rigid sub-
strate contacts are modeled as frictionless. The finite el-
ement model allows us to follow the deformation of
the tubules as they are indented and determine the lo-
cal stress in the bilayer walls. Figure 4 shows the de-
formed shapes of the half-segments of modeled tu-
bules with the same external diameter of 500 nm, but
different wall thickness of 39.6, 52.8, 66.0, 79.2, and
158.4 nm, corresponding to 6, 8, 10, 12, and 24 bilay-
ers, respectively. Although, the typical wall thickness is
10 bilayers for the DC8,9PC tubules formed in ethanol/
water solution, TEM analysis also reveals the presence of
a small number of tubules with 6, 8, 12, and 24 bilay-

Figure 4. Simulated deformation of the half-segments of modeled tubules with
the same external diameter of 500 nm, but different wall thicknesses of 39.6,
52.8, 66.0, 79.2, and 158.4 nm corresponding to 6 (a), 8 (b), 10 (c), 12 (d), and 24
(e) bilayers, respectively, at 75 nm indentation depth. The von Mises stress is in-
dicated by color contours (f).

Figure 5. Simulated force�displacement curves (solid lines) of
modeled tubules. The external diameter of the modeled tubules
was kept at 500 nm, while both the Young’s modulus (E) and
the number of bilayers in the tubule walls were varied until the
simulated curves within 75 nm displacement could be best fit-
ted with the measured spring constant (Ktub) of 0.113 N/m
(dashed line). The optimized fitting results are (brown) 6 bilay-
ers, E � 4.6 MPa; (green) 8 bilayers, E � 1.6 GPa; (orange) 10 bi-
layers, E � 705 MPa; (blue) 12 bilayers, E � 330 MPa; and (ma-
genta) 24 bilayers, E � 51 MPa.
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ers. AFM allows us to measure the
external diameter of imaged lipid
tubules but provides no information
on the wall thickness. The color
shown in these deformed tubules is
an indication of the von Mises stress
(Figure 4f). During the simulation
process, we varied both the Young’s
modulus and the wall thickness un-
til the simulated force�indentation
curves are best fitted with the spring
constant (Ktub) of 0.113 N/m. As can
be seen from the optimized fitting
results for each modeled tubule
shown in Figure 5, the tubule with
a wall thickness of 66 nm and a ra-
dial Young’s modulus of 703 MP is
best fitted with the spring constant.
The simulation also shows that 2%
variation in the tubule diameter
does not affect the fitting results.
The calculated radial Young’s modu-
lus of the DC8,9PC tubules is slightly
lower than the axial Young’s modu-
lus (1.07 GPa) measured from bend-
ing experiments.30 In our measure-
ments, the indentation depth was
kept to be smaller than 75 nm,
�15% of the original tubule diam-
eter. Also, the simulation shows
that, at 75 nm indentation depth, the stress concen-
trates in the upper region of the lipid tubule (Figure 4).
The effect of the supporting glass substrate on the mea-
sured elastic properties of lipid tubules can be ignored.
We believed that the difference between the radial
and axial modulus is a result of the anisotropic interac-
tion of lipid molecules in multibilayer walls. Further-
more, it has been shown that the acyl chains of lipid
molecules in multibilayer walls are tilted with respect
to the equator of DC8,9PC tubules.49 The photopolym-
erization of the diacetylenic groups placed at the cen-
ter of the acyl chains is expected to strengthen the lat-
eral chain�chain interaction, leading to the increase of
the axial stiffness of tubules.

We are interested in comparing the Young’s modu-
lus of DC8,9PC tubules with those of other self-
assembled lipid structures. It is known that the lipid
molecules in the L�= gel phase of crystalline lipid tu-
bules cannot move as freely as in the fluidic L� phase
of lipid vesicles. So the mechanical properties of crystal-
line lipid tubules, such as the compressibility and bend-
ing rigidity, are expected to differ from that of fluidic
lipid vesicles. The radial Young’s modulus of DC8,9PC
lipid tubules (703 MPa) is significantly larger than those
reported on cholinergic synaptic lipid vesicles (0.2�1.3
MPa),31 egg-PC lipid vesicles (1.97 MPa),32 and DPPC
vesicles (110 MPa).33

By using a silicon nitride AFM tip as a force probe,

we carry out the indentation near the ends of lipid

tubules. The benefit of using the small silicon nitride

AFM tip is that the indentation position along the

lipid tubules can be relatively easy to control. Fig-

ure 6a is an AFM image taken near one end of a lipid

tubule on a glass substrate in a liquid cell. The high

profile along the longitudinal direction suggests that

the tubule has a constant height (�500 nm) near

its end (Figure 6b). A series of positioned indenta-

Figure 6. (a) AFM image of a DC8,9PC tubule on a glass substrate. One end of the tubule is vis-
ible. (b) High profile along the dashed line shown in panel a suggests that the tubule has a con-
stant diameter near its end. (c) Normalized spring constant as a function of distance from the tu-
bule end. Reduced spring constants were observed over a distance of �600 nm from the tubule
end. Both the AFM image and the indentation measurements were taken with the same silicon
nitride AFM tip.

Figure 7. Simulated deformation of one-quarter of the modeled tu-
bule with an external diameter of 500 nm and a wall thickness of 66
nm at an indentation of 27 nm. The von Mises stress is indicated
by color contours. The deformed region under the silicon nitride
AFM tip indentation extends to both sides for �30 nm.
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tions were carried out from the end of the tubule
to the middle section with the same silicon nitride
AFM tip. Five indentations were preformed at each
position. Figure 6c is a plot of the measured spring
constants normalized to the value obtained on the
tubule far from the end as a function of the distance
along the longitudinal direction. Exact determina-
tion of the indentation position is difficult from ex-
periments due to the thermal drift. In our experi-
ments, the thermal drift of the AFM indentation was
estimated by imaging a lipid tubule adsorbed on a
glass substrate over time at a scanning speed of 0.3
�m/s to be less than 20 nm (
4% of the original tu-
bule diameter). To precisely control indentation po-
sitions, we lowered the scanning speed to 0.3 �m/s
and gradually reduced the scanning areas to within
30 nm 	 30 nm. The error bars in the distance reflect
the uncertainty in measuring the indentation posi-
tions along the longitudinal direction. Interestingly,
we find that the reduced stiffness extends a distance
of �600 nm from the tubule end (see Figure 6c).

Under the point indentation, the deformation of
lipid tubules is expected to extend to both sides at
the longitudinal direction. Figure 7 shows the finite
element model of the contact between the silicon ni-
tride AFM tip with a radius of 15 nm and the lipid tu-
bule with a 500 nm diameter and a 10 lipid bilayer
wall. The deformed region of the modeled tubule
under the point indentation extends to both sides
along the long axis for �30 nm. Due to the symme-
try break of the deformation at the end of the tubule,
we expect that the end effect is in the distance less
than �30 nm, which is much smaller than the exten-
sion of the reduced stiffness from the tubule end
(�600 nm).

There are several issues to be considered when
we are interpreting the reduced stiffness near the
ends of lipid tubules. The indentation along the lon-
gitudinal direction was carried out with the same sili-
con nitride tips. The influence of tip sizes and canti-
lever spring constants on the measured stiffness can
be limited. It is known that lipid tubules are formed
by rolled-up bilayer sheets. The decrease of the num-
ber of bilayers in tubule walls can lead to the de-
crease of the stiffness of lipid tubules.29 However,
there is no bilayer edge with a 6.5 nm height ob-
served on the tubule surface. The high profile (Fig-
ure 6b) shows that the tubule has a uniform diam-
eter near its end. So the influence of changing the
tubule diameter on the measured stiffness can be
ruled out. The thermal drift of indentation positions
away from the center of the tubule may cause the
variation of the measured spring constants. It was
shown that the measured spring constants of poly-
electrolyte tubules increased when the indentation
positions are away from their center region (pole re-
gion).50 To exam the effect of the thermal drift on

the measured stiffness, we modeled the

force�displacement curves at the drift of 0, 10, and

20 nm away from the center of a lipid tubule with a

500 nm diameter and a 10 lipid bilayer wall (Figure

8). At small displacements (
3 nm), there is no dif-

ference in the calculated slopes (spring constant) at

these three positions. At larger indentations, the dis-

crepancy in the calculated spring constants (slopes)

becomes visible when the probing position is away

from the center. The change of calculated spring

constants with respect to the tubule center is found

to be 0.01 N/m for 10 nm drift and 0.06 N/m for 20

nm drift. The variation (error bar) of the measured

spring constants at each position during the mul-

tiple indentations (Figure 6c) is believed to be the re-

sult of the thermal drift of the indentation positions

away from the tubule center. Even after taking into

account these variations, the decrease of the mea-

sured average spring constant near the end of the

tubule is still evident. The reduced spring constant

might arise from the variation of the lipid packing

near the tubule ends. The selective adsorption of

charged nanoparticles at the ends of the DC8,9PC tu-

bules has suggested that the lipid packing is not per-

fect at the tubule ends.51 The fluorescence recovery

after photobleaching has shown that the diffusion of

Nile red (a hydrophobic probe) in the bilayer walls

of DC8,9PC tubules slows down at the middle while

it becomes faster at the ends.52 This result also sug-

gests that the packing density of lipid molecules at

the tubule ends is lower than that in the middle. So

it is likely that the variation of lipid packing in tubule

walls leads to the reduced stiffness near the ends

of the lipid tubules.

In conclusion, the local elasticity of DC8,9PC lipid tu-

bules has been studied by AFM-based radial indenta-

tion, coupled with finite element analysis. We find that

a reduced radial stiffness extends �600 nm from the

ends of lipid tubules. The middle section of the lipid tu-

bules is homogeneous with a radial Young’s modulus

of 703 MPa. The reduced radial stiffness might reflect

the change of lipid packing density near the tubule

ends.

Figure 8. Simulated force�displacement curves at the shift
of 0 nm (�), 10 nm (O), and 20 nm (�) away from the cen-
ter of a modeled tubule with an external diameter of 500 nm
and a wall thickness of 66 nm.A
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MATERIALS AND METHODS

Lipid tubules were synthesized by thermal cycling of a 5
mg/mL suspension of 1,2-bis(tricosa-10,12-diynoyl)-sn-glycero-3-
phosphocholine (DC8,9PC) (Avanti Polar Lipids, Alabaster, AL) in
ethanol/water (70:30 v/v) from 60 °C to room temperature at a
rate of �0.5 °C/min.7 The polymerization of lipid tubules in solu-
tions was performed with a UV light (254 nm) for 20 min at room
temperature. Atomic force microscopy (AFM) (Dimension 3100,
Digital Instruments) with an opened loop scanner and software
version 6.12r1 was used to study the structure and mechanical
properties of lipid tubules absorbed on glass slides in a liquid
cell. Silicon nitride cantilevers (Nanosensors) with a spring con-
stant of 0.051 N/m (given by the manufacturer) were employed
in imaging lipid tubules. The size of the cantilever tips (radius of
curvature) is about 15 nm according to the manufacturer. AFM
images of lipid tubules were obtained in contact mode at a scan-
ning rate of 0.5 Hz and a 512 	 512 pixel size. Indentation experi-
ments of lipid tubules on glass slides were conducted with a col-
loid probe�AFM technique in a liquid cell at room temperature.
In this technique, a silica colloidal particle with a diameter of
�600 nm was mounted onto a tipless AFM cantilever (Novas-
can Technologies, Inc.). The benefit of using colloidal particles
as a force probe lies in obtaining a well-defined geometry. To
carry out the indentation near the ends of lipid tubules, the sili-
con nitride tip with a radius of 15 nm was used as an indenter.
Transmission electron microscopic measurements of lipid tu-
bules on carbon-coated grids were performed on a Tecnai F30
microscope with an accelerating voltage of 300 kV at room
temperature.

The Young’s modulus was calculated from the measured
stiffness of lipid tubules with finite element method. In the fi-
nite element simulation process, the lipid tubules were mod-
eled as a tubule made of a homogeneous material, sitting on a
flat rigid surface and loaded by a spherical rigid indenter. The
Poisson ratio of lipid tubules is taken as 0.48, a mean value of
common biomaterials. Considering the axial symmetry of the
problem, the model was reduced to a quarter sector using the
two mirror symmetry planes intersecting at the loading point.
This quarter sector was divided into 4500 brick elements and
subjected to axisymmetrical boundary conditions. The postpro-
cessing was done by ABAQUS-6.6 software. Loading was simu-
lated by prescribing the downward movement of the rigid in-
denter, calculated in 100 increments.
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